Cell membranes are dynamic substrates that achieve a diverse array of functions through multi-scale reconfigurations. We explore the morphological changes that occur upon protein interaction to model membrane systems that induce deformation of their planar structure to yield nanotube assemblies. In the two examples shown in this report we will describe the use of membrane adhesion and particle trajectory to form lipid nanotubes via mechanical stretching, and protein adsorption onto domains and the induction of membrane curvature through steric pressure. Through this work the relationship between membrane bending rigidity, protein affinity, and line tension of phase separated structures were examined and their relationship in biological membranes explored.
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INTRODUCTION
A new pathway in cellular communication that uses lipid nanotubes to transfer biomolecules and organelles between cells has been discovered in macrophages, lymphocytes, and neural cells. These recent findings are completely orthogonal to our current understanding of communication between non-adjoined cells, which is thought to proceed largely through chemical signaling. Furthermore, in macrophages nanotubes have been observed to trap and shuttle bacteria for ingestion, while retrovirus infected cells have been observed to generate nanotube connections that enable efficient cell-to-cell virus transmission. Despite the critical role of lipid nanotubes in these processes, little is known about how the structures form, exactly what is being transported, or why these physical intercellular connections are required.
We proposed to study live cells and cell models systems to characterize and develop lipid nanotube constructs that would couple into optical and electronic probes to investigate: 1) the formation of lipid nanotubes, 2) chemical/physical/ biological phenomena that dictate selectivity of transported biomaterial, 3) the origin of forces used to shuttle biomaterials across the nanotube, and 4) the biological significance of the nanotubule connections. Sandia is particularly suited to address this important biological problem through its expertise in lipid membrane assemblies, theory of membrane structure and dynamics, unique 3D imaging methods, and transport via microelectrophoresis and motor proteins. In this report we describe two methods for creating lipid nanotubules in model systems and discuss their implication for the formation of cellular nanotubes. 
LIPID NANOTUBE FORMATION FROM STREPTAVIDIN-MEMBRANE BINDING
Introduction
Lipid nanotubes are unique structures that have been observed both between vesicles and, more recently, as connectors between living cells. In cells, nanotubes have typically been observed as membrane extensions from regions facilitating molecular transport or energy conversion, such as the endoplasmic reticulum 1 and the thylakoid membranes in chloroplasts. 2 Recently, lipid nanotubes have even been observed serving as cytoplasmic bridges between live cells. 3 In these instances, tubule diameters of fifty to a few hundred nanometers have been reported with lengths as long as tens of microns. Directed transport of ions, proteins, and even organelles has been monitored in a diverse range of cells, including lymphocytes, 4 macrophages, 5 adrenal cells, 3 and cardiomyocytes, 6 suggesting the discovery of a new and important form of cellular communication. Several different routes are employed to generate cellular membrane nanotubular structures, such as the polymerization of actin cytoskeletal microfilaments to create membrane filopodia, 7 the action of cell separation following immunological synapse formation, 4 motor protein activity against the endoplasmic reticulum, 8 and through the interaction of BAR domain proteins. 9 Understanding the physical behavior of lipid membranes and the interfacial interactions that influence membrane curvature and/or viscoelastic behavior would provide fundamental insight into how these structures form and function to modulate cell activity.
Although lipid packing parameters may play a role in nanotube formation, 10, 11 in cell biology the process is dynamic and localized, which suggests that either an interfacial interaction actuates the event or mechanical activity promotes membrane deformation. 12 Protein-membrane interactions can induce membrane nanotube formation through the protein's structure, such as with the banana shape of amphiphysin, 13 or through protein assemblies with dynamin 14 and endophilin, 15 or even by simply altering the surface charge of the membrane. 16 Protein binding can also produce changes in the membrane's curvature through anchor insertion and facilitate asymmetry in the membrane structure. 17 Many examples of induced membrane curvature from proteins are known to play a role in endo-/exocytosis and tubulation, yet surprisingly little is known about the general effect of protein or ligand binding on the structure and physical behavior of lipid membranes. Here, we describe the spontaneous formation of lipid nanotubes from giant lipid vesicles mediated by the strong and specific binding of streptavidin. Several studies suggest protein-membrane interactions can modulate membrane curvature and tension and the results presented here also indicate that the membrane's own bending energy plays a determining role. In Figure 2 , we show the proposed method of nanotube formation from streptavidin/biotin-induced interaction to bind and stretch giant vesicles translating in solution. 
Results and Discussion
Tubular membrane structures spontaneously formed from giant vesicles composed of 1-palmitoyl-2-oleyl-sn-glycero-3-phosphocholine (POPC) with 5 mole % 1,2-dioleoyl-sn-glycero-3-phosphoethanolamine-N-biotin (DOPE-biotin) (dia. 1 -15 µm) when exposed to streptavidin at a concentration of 0.6 µM (5:1 DOPE-biotin to streptavidin) in MOPS buffer (pH 7.4). Following an incubation period of ca. 1 hour at room temperature some of the vesicles aggregated while others fused into larger vesicles ( Figure 3A ) or produced lipid nanotubes ( Figure 3B ). By fluorescence and confocal microscopy nanotubes widths were measured from a few microns to below the diffraction limit and lengths of up to hundreds of microns. An example of a ~300 µm long nanotube is shown in Figure 4 . The nanotubes were typically found as relatively rigid structures held between vesicles attached to the glass surfaces. In other cases one vesicle was anchored to the surface and the other was dangling free in solution. Entangled networks of nanotubes could be found, as well as ones with vesicles attached upon and within the tubes.
Streptavidin-membrane interaction has been known to facilitate the aggregation of vesicles for use as potential drug delivery vehicles 18 and has been observed to cause giant vesicles to deform to oblate structures from protein crystallization, 19 however, nanotube formation has not been previously reported. The process is specific to the streptavidin-biotin recognition as vesicles lacking DOPEbiotin were unaffected by streptavidin presence. Additionally, only with freshly prepared streptavidin were high densities of nanotubes (several dozen per cm 2 ) observed. Older solutions of streptavidin exhibited a diminished ability to stimulate nanotube formation suggesting loss of protein activity. On the short time scale (< 30 min) streptavidin induced the tubulation of giant vesicles into worm-like structures in solution (Supporting Information). As time progressed these structures gave way to the longer lived nanotubes spanning between surface adhered vesicles. These tubes were typically stable for at least a day.
As the vesicle-tubule networks initially form, substantial dynamic restructuring typically followed. During this process the assemblies exhibited marked viscoelastic behavior that facilitated the transport and separation of liquid blebs within the nanotubes. Figure 5 shows one example in which two lipid nanotubes become entangled at a catch point and demonstrates the elastic behavior and fluidic transport of the nanotubes. One of the tubes (tube 1) ran relatively straight from the bottom of the image to the left side. The other tube (tube 2) appeared from the bottom of the right side, made a sharp bend around tube 1 then exited through the top. Blebs of liquid of different sizes, which may actually be vesicles that cannot be clearly resolved by the microscope, appeared to be entrained within the lower half of tube 2. A small bleb within tube 2 was trapped at a "catch point" where the two nanotubes cross ( Figure 5A , white arrow). A small surge of turbulent fluid in the sample towards the upper left corner of the image causes tube 2 to be drawn in that direction. The pulling action occurred with sufficient force to transport the small bleb past the catch point and further along as the tube was drawn by the flow shear (white arrow in Figures 5B, 5C , and 5D). Simultaneously, larger blebs further down on tube 2 were drawn toward and became trapped against the catch point (grey arrows in Figures 5B and 5C ). The fluidity of the lipid nanotube became apparent as the distance between blebs rapidly changed through mechanical force of the fluid flow and by the physical traps set by the entangled nanotubes. Similar bleb transport has been observed with nanotubes formed by electroformation. 20 Streptavidin has been observed to induce a change in membrane curvature through protein crystallization on the outside surface of giant vesicles. The Gast lab has shown that streptavidin crystallized against biotionylated giant vesicles of 1-stearoyl-2-oleoyl-sn-glycero-3-phosphatidylcholine (SOPC) produces vesicle ruffling and oblate structure formation. 19, 21 As solution pH increased from 4.3 to 6.3, streptavidin crystals grew as long and thin structures with parallel orientation over the membrane surface inducing elongation of the vesicles. Since the isoelectric point of the protein occurs at pH 5-6, it was argued that increasing pH resulted in smaller crystals due to electrostatic repulsive forces. At pH 7.0, the protein became homogenously distributed over the vesicle surface without any crystallization detectable by fluorescence microscopy.
In other work streptavidin has been shown to form helical arrays against lipid nanotubes composed of glycolipids at pH 7.5. 22, 23 This behavior attests to appropriate packing parameters of streptavidin at neutral pH to accommodate nanotubular architectures through tightly bound protein interactions on the membrane surface. The area occupied by streptavidin (55Å x 45Å x 50Å) covers ~50 lipid molecules (~ 45Å 2 /lipid), or roughly 100 lipids per streptavidin bound to the outer membrane leaflet of the vesicles. Considering our biotin loading of 5 mole % in the vesicles tubulation could thus be argued as a means by which the membrane has reorganized to accomodate high densities of biotin-streptavidin coupling. We have also examined vesicles loaded with 1 mole % biotin and noted reduced quantities of nanotubes, further supporting a mechanism involving protein crowding on the membrane surface. Confocal imaging using fluorescent-labeled streptavidin (tetramethylrhodamine) with non-labeled giant vesicles Figure 5 . Transport and separation of entrained blebs observed within a nanotube as they were impeded by entanglement with another nanotube. A small bleb (followed by a white arrow) (A) initially caught at the point of entanglement (B) traversed past the physical barrier of the nanotube and continued transport upward via the shear force of the fluid flow moving to the upper left corner of the image. Simultaneously, a larger bleb (grey arrow) (C) transported towards the catch point and became physically trapped. (D) Other large blebs similarly followed towards the catch point and collect.
confirmed that the protein was homogeneously bound along the length of the nanotubes ( Figure  6 ). Another interesting observation was the formation of worm-like tubules in solution shortly after streptavidin addition that further suggests a protein-induced increase in membrane curvature. Because protein-membrane reorganizational processes proceed over periods of hours following initial protein complexation (as similarly observed for lectin 24 and myoglobin 25 ), it is not surprising that nanotube formation experiences long transformation times before yielding equilibrated structures.
Nanotube formation may also occur via the mechanical stretching of membranes as two vesicles on different trajectories make contact, adhere, and then pull apart in the fluidic environment. Similar to cell separation following immunological synapse formation, 4 vesicles intimately bound through adhesion from biotin-streptavidin interaction may use their inertial moments as a mechanical force to stretch and extend the membrane to form nanotubes. This hypothesis was partially supported by direct microscopic observations of such events as nanotubes extended from surface adhered vesicles. By flowing a solution containing giant vesicles with streptavidin through a microfluidic cell, nanotubes of several millimeters in length could also be produced as small vesicles were drawn downstream from larger vesicles attached to the channel surface (data not shown). The adhesive force is aptly supplied by biotin-streptavidin interactions on the vesicle surfaces, but the taut nature of the nanotubes and the physical robustness displayed in Figure 5 suggest an enhancement in membrane tension. This observation is consistent with previous work by Hirn and coworkers 26 where three fold increases in membrane tension of biotinylated phosphocholine bilayers were found upon the binding of streptavidin.
In an effort to provide some insight into the role of the membrane's physical properties in protein-induced tubulation we compared a range of PC lipid membranes existing at different phases and bending energies. For giant vesicles composed of dipalmitoylphosphatidylcholine (DPPC), distearoylphosphatidylcholine (DSPC), dimyristoylphosphatidylcholine (DMPC), and egg phosphatidylcholine (egg PC), vesicle aggregation dominated the sample upon streptavidin addition. With vesicles of dilauroylphosphatidylcholine (DLPC), dioleoylphosphatidyl choline (DOPC), and POPC, on the other hand, spontaneous nanotube formation occurred, along with vesicle aggregation. Bilayers existing in the gel phase might be expected to resist deformation to highly curved nanotubular structures, whereas those in the fluid phase should accommodate such structural transformations. Such expectations were generally observed as DSPC, DPPC, and DMPC vesicles predominantly aggregated while the fluid phase POPC, DLPC, and DOPC yielded nanotubes. Curiously though, bilayers composed of eggPC, a fluid phase membrane at room temperature (T g = -5 to -10 °C) did not produce nanotubes, although it has been successfully used to form nanotubular structures via mechanical pulling with micropipets. Another important membrane property that correlates with nanotube formation is membrane bending rigidity (). 28 A compilation of  values from the literature is shown in Table  1 . 29, 30, 31, 32 (It should be noted that these values tend to be somewhat variable depending on the measuring technique and conditions.) These data provide a minimal basis for rationalizing a correlation of the contribution of membrane bending energy to spontaneous tubulation by protein binding interactions. A threshold membrane bending energy of 8 -4 x 10 -20 J (ca. 10kT) was identified as the value up to which tubule formation occurs upon streptavidin binding. Similar threshold values may also exist for nanotube formation in cells, which highlights the importance of membrane composition for proper cellular function. As bending energy attenuates with rising temperature it should be possible to expand the range of lipids and lipid compositions available for nanotube formation in our synthetic systems. Additionally, we note that the giant vesicles used in these studies were not uniformly unilamellar, but also contained multilamellar structures. Future investigations will probe the influence of membrane lamellarity, as well as membrane composition, on curvature and tubulation.
Conclusion
We have shown that strong protein interactions can elicit remarkable transformations in the structural organization of planar lipid membranes to nanotubular architectures. The precise mechanism of nanotube formation remains unclear at this time, however, evidence exists for processes that involve enhanced interfacial adhesion of colliding vesicles as well as steric interactions that promote membrane curvature. The lipid tubules exhibited membrane fluidity that facilitated the transport of entrained liquid blebs or vesicles and physical stability towards mechanical stress. Further studies will be continued to elucidate the mechanism of spontaneous nanotube formation and examine the use of these assemblies for transport and separation of nanoassemblies.
STERIC CONFINEMENT OF PROTEINS ON LIPID MEMBRANES CAN DRIVE CURVATURE AND TUBULATION
Introduction
Lipid membranes provide a dynamic substrate for biomolecular interactions that underlies environmental response and compartmentalized function in cells. Highly curved membrane structures are critical for a variety of cellular processes including endocytosis, cytoskeletal protrusion, organelle synthesis, and cell division 33 . Curved membrane assemblies such as lipid tubules and buds have also been of interest as controllable nanomaterials such as scaffolds for biological-synthetic hybrid materials 34, 35 and conduits to move species within nano-fluidic networks. 36 However, a well-controlled method for the self-assembly of complex membrane structures and networks has yet to emerge.
Cells use a variety of mechanisms to induce curvature in their membranes including cytoskeletal pushing and pulling, binding of curved proteins to membranes, scaffolding of the membrane by curved protein lattices, insertion of amphipathic peptide helices into a single leaflet of the membrane, and asymmetric changes in the membrane lipid composition. 33, 37 Cells orchestrate the size, location, number, and lifetime of a variety of diverse membrane protrusions. Greater understanding of how this extraordinary coordination is accomplished is needed not only to understand cellular processes that depend on protrusion but also to identify principles that could be used to assemble programmable soft-material structures and networks.
Some of the most studied membrane protrusions are endocytic structures such as clathrin coated pits and caveolae. The curvature of these structures is thought to arise from proteininduced membrane bending, where concentrated application of steric pressure within structures plays an important role. During clathrin mediated endocytosis it is believed that epsin family proteins insert amphipathic helices in the cytoplasmic membrane leaflet to induce curvature. The structured clathrin coat concentrates epsins leading to membrane budding. 38 In the formation of caveolae, caveolins are known to oligomerize 39 and have been hypothesized to deform the bilayer through application of steric pressure. 40 In addition to protein binding, lipid membrane organization may also play a role in membrane bending during endocytosis. Specific membrane species such as cholesterol and sphingomylin are known to co-localize with or enable highly curved membrane structures including clathrin-coated pits, 41 caveolae, 42 and synaptic vesicles 43 possibly forming domains rich in cholesterol and sphingolipids. A variety of roles for lipid domains relevant to the formation of protrusions have been explored previously. 46 Examples include concentration of signaling receptors, 42 sorting of membrane proteins, 44, 45 and modification of bilayer mechanical properties. 37, 46 However, the specific mechanisms by which lipid organization collaborates with protein binding to induce membrane deformation remain unknown.
We explore possible collaboration between proteins and lipid domains in membrane protrusion by constructing a simplified synthetic model system using giant unilamellar vesicles (GUVs). These vesicles each contain a lipid domain that strongly binds poly-histidine-tagged proteins. 47 Using this approach we have demonstrated that domains are capable of tightly concentrating protein binding interactions. Remarkably, this concentration leads to lateral steric crowding of proteins within the domain that bends the membrane, inducing spontaneous formation of lipid buds and tubules. Tubule formation was found to be dependent upon the solubility of lipids with negative spontaneous curvature in the domain and the density of protein attachment. Most domains yield a single tubule, and tubules frequently consume the entire protein-coated domain such that the domain size tightly defines the tubule surface area. Further, tubule length and diameter were found to vary linearly with vesicle diameter. A simple physical analysis shows that this coupling is consistent with a globally limited membrane tension defined by protein-lipid binding energy. While this synthetic model system is highly simplified, it demonstrates that lipid domains and other confining structures such as protein lattices could aid in the formation of protrusions and define protrusion length scales by concentrating the steric interactions between the lipid bilayer and proteins. Further, these findings suggest an approach for polarizing and ordering lipid-based materials by self-assembly.
Results
Lipid domains can confine protein binding on vesicle surfaces
To study the effects of confining protein binding to a specific region on a lipid membrane, we formed giant unilamellar vesicles (GUVs) containing insoluble domains that serve as high affinity sites for his-tagged proteins. These vesicles consisted of the lipid DSIDA (distearylglycero triethyleneglycyl iminodiacetic acid) 48 in a 1:9 molar ratio with matrix lipids (e.g., POPC, DPhPC). DSIDA has a phase transition temperature at 55 °C that increases to 73 °C upon binding with Cu -bound DSIDA and DOIDA lipids act as high affinity sites for histidine and, his-tagged proteins. When GUVs containing DOIDA were exposed to his-tagged green fluorescing protein (his-GFP), an evenly distributed coverage of protein on the vesicle surfaces was observed (Fig. 7A) . In contrast, when GUVs containing DSIDA were exposed to his-GFP, protein binding only occurred in a well-defined region of the vesicle surface that strongly co-localized with the DSIDA-rich dark domain (Fig. 7B center, right) . Therefore, lipid domains composed of Cu 2+ -bound DSIDA confined and concentrated protein binding interactions with the vesicle surface.
Protein binding can deform domains into buds and tubules.
Concentration of protein binding interactions on domain surfaces led to remarkable changes in their shape. Originally flat domain surfaces were rapidly bent into puckered surfaces (Fig.  7C) and bulges (Fig. 7D) upon protein binding. The most dramatic shape change was the frequent formation of long, thin tubules from domains upon protein binding (Fig. 7E) . Membrane deformations and tubule formation were observed within minutes after protein addition.
From confocal fluorescent images of tubules extending from vesicle surfaces (Fig. 7 A,B) we estimate that 80% of the vesicles forming tubules have a single tubule. Further, many tubules take up the entire domain area (Fig. 7E ). These observations suggest that initiation of a tubule by forming an initial high curvature bud presents a higher energetic barrier than extension of an existing bud into a tubule. Membrane shape changes and formation of tubules were not found for DOIDA-containing vesicles, where the protein binding sites were distributed evenly over GUV surfaces, demonstrating that concentration of protein binding at a well-defined, high affinity region of the vesicle surface is required for shape change. 
Affect of lipid composition on tubule formation
We examined the impact of lipid membrane on the deformation of lipid domains by protein binding and found that the frequency of tubule formation varied considerably with the lipid composition (Fig. 8) . We initially examined the frequency of tubule formation using two different matrix lipids, POPC and DPhPC. We found that tubules frequently formed (0.42+/-0.07 tubes/vesicle) using 10% DSIDA / 90% DPhPC while they formed much more rarely (0.02+/-0.01 tubes/vesicle) using 10% DSIDA / 90% POPC, Fig. 8 (A,B,F) . Two other fluid phase phosphocholine matrix lipids that were tried, DLPC and DOPC, demonstrated that the tubulation process was not a general phenomenon of a protein-binding, gel phase domain residing within a fluid phase matrix. In considering bending rigidities, POPC (~3.9x10 -20 J) 51 and DLPC (~3.4x10 -20 J) 50 were comparable and DOPC (~1.9x10 -20 J) 51 was only slightly lower, but the POPC-containing membranes produced far more tubes than both. In these experiments the concentration of the membrane dye ranged between 0.03 -0.3 mole %, with no apparent influence on the results.
We further hypothesized that membrane tubulation might be dependent upon the solubility of the DSIDA domains with the matrix lipid. Enhanced solubility could fluidize domains, reducing curvature energy. We performed fluorescence correlation spectroscopy (FCS) measurements on supported lipid bilayers to compare the diffusivity of dye molecules within domains to assess local membrane fluidity. Using the 10% DSIDA/90% DPhPC membrane, we observed the unstable formation and dissolution of Cu
2+
-DSIDA-rich domains (Fig. 8D ) multiple times per minute. FCS measurements showed both fast and slow components with diffusion constants characteristic of fluid and gel phase membranes, respectively, on the time scale of the FCS measurements (Fig. 8E) . This behavior contrasts with the stable Cu 2+ -DSIDA-rich domains formed in the 10% DSIDA/90% POPC membrane (Fig. 8C) , which gave only a single very slow diffusion component. 47 Domain fluctuations similar to those we observe in the DSIDA/DPhPC system are also known to occur in ternary lipid mixtures on GUVs just above liquid-liquid miscibility phase transitions temperatures. The transient nature of DSIDA/DPhPC domains as observed as a supported membrane on glass may suggest that the system is near a miscibility phase transition when observed at room temperature. These domains appear highly stable when observed on GUVs (Fig. 7B) . However, substrate-membrane interactions have been known to shift phase transition temperatures of SLBs. This suggests that DSIDA/DPHPC mixtures as SLBs may exist near a miscibility phase transition at room temperature. The difference in domain stability between DSIDA/DPHPC and DSIDA/POPC SLBs, then, may simply result from a difference in the phase-stability of the two mixtures, which ultimately impacts the domain composition of GUVs. To evaluate this possibility we investigated the solubility of DSIDA in both DPhPC and POPC at room temperature. We formed GUVs with decreasing DSIDA content from 7.5 mol% to 3 mol% and measured the size of resulting DSIDA-rich domains. Vesicles of DSIDA/POPC contained domains that decreased in size approximately linearly with decreasing DSIDA content. In contrast, vesicles of DSIDA/DPhPC displayed a sharp decrease in domain size between 7.5 mol% and 6 mol% and no micron-scale domains below 6 mol%. These results further add to the supposition that at room temperature, the DSIDA/DPhPC system is nearer to a miscibility phase transition than is the DSIDA/POPC system. DPhPC thus exhibits higher solubility in the DSIDA-rich domains compared to POPC, thereby enhancing the fluidity of the DSIDA-rich domains and reducing the energetic barrier to tubule formation.
Finally, we hypothesized that the DPhPC might aid the formation of tubules because of its negative spontaneous curvature in comparison to other PC lipids tested. 52 Lipids of high negative spontaneous curvature might assist tubule formation by populating the negative curvature region at the tubule base or the tubule inner membrane leaflet. Lipids of negative spontaneous curvature, such as phosphatidyl ethanolamine (PE) lipids, are known to partition to regions of high curvature in cells, often distributing asymmetrically between lipid leaflets to promote curvature. 53 We formed GUVs that contained small amounts (0.1 -1%) of Soy PE in the DSIDA/POPC bilayers. We had previously observed that SoyPE was highly soluble in domains as evidenced by an increase in size of the domains when larger fractions of SoyPE were included (10-40% SoyPE). Therefore, we estimate that SoyPE partitions to the domains such that the percentage of SoyPE was likely 1 -10% within them. We found that addition of this small fraction of SoyPE produced about 6-7 times more tubules than POPC alone (0.13 tubes/vesicle). Although with SoyPE we were not successful in separating the effects of domain fluidity and negative spontaneous curvature, it does appear that both factors contribute to the reduction of the energetic barrier to tubule formation.
Affect of protein binding on tubule formation
In addition to lipid composition, variations in the his-tagged protein composition and concentration may impact membrane deformation. We varied the concentration of his-GFP in solution and found a monotonic increase in the frequency of tubule formation of more than fourfold as protein concentration increased from 20 nM to 2 m (Fig. 9A) (K d ~ 2 nM) . 48 Below 20 nM, protein bound on the lipid bilayers could not be discerned from background fluorescence. The increase in tubule formation with protein concentrations several orders of magnitude above the dissociation constant suggests that tubule formation relies on a very high fractional occupancy of protein on the domain surface. Additionally, the dissociation constant may increase as protein surface coverage reaches saturation within the domain.
In Figure 9B , we examine the frequency of tubule formation using four different his-tagged proteins of various molecular weight: his-GFP (26 kDa), his-mOrange (26 kDa), his-MBP (66 kDa), and his-TLR4MD2 (~125 kDa). We observed that lower molecular weight proteins, which will have smaller hydrodynamic radii, to a first approximation, produced membrane tubules with significantly higher frequency. GFP and mOrange have the same molecular weight. However, GFP is known to form trans-dimers, while mOrange has been engineered to prevent dimerization. 54 The capacity of GFP to form dimers could increase the amount of protein attached to the domain surface, encouraging crowding and tubule formation. However, the high frequency of tubule formation using mOrange indicates that dimerization is not required for tubule formation. Binding of either TLR4MD2 of MBP protein led to formation of well-defined tubules, though the frequency of tubule formation was much lower in comparison to GFP and mOrange. None of these proteins is known to participate in membrane bending processes in vivo. Therefore, the tube formation we observe is likely the result of a general physical mechanism that does not require that attached proteins have a specific protein domain or conformation.
Lipid tubule length is proportional to vesicle diameter
Since lipid tubules form from domains on the surfaces of vesicles containing a known molar fraction of DSIDA, lipid tubule dimensions (length, diameter) should be related to vesicle dimensions and composition (diameter, domain area). From confocal image scans of the vesicles, we measured the lengths of individual lipid tubules and the diameters of the vesicles they were connected to for varying DSIDA content (7.5, 10, 15 mol%) upon exposure to 2 µM his-GFP. These measurements led to a notable observation -the ratio of the lipid tubule length to the vesicle radius was approximately constant (Fig.  10) . Vesicles of increasing DSIDA fraction formed tubules of increasing length relative to vesicle diameter.
Since the domain areas were often fully consumed by tubule formation, it was possible to estimate the radius of lipid tubules, R T , from estimates of tubule length, L T , vesicle radius, R, and domain area fraction, A D , by assuming that the domain area is approximately conserved. The average area of DSIDA-rich domains as a percentage of total vesicle surface area was estimated from confocal image stacks (Fig. 10C) . Because the fractional domain area and the ratio of tubule length to vesicle diameter are both constant for a given vesicle composition, conservation of domain area implies that tubule diameter is directly proportional to vesicle diameter, suggesting that tubule formation is tightly coupled to vesicle extent (eqn. 1).
( Figure 10 . (A) Lipid tubules formed from GUVs (7.5% DSIDA / DPhPC / 0.3% BODIPY). Scale bar, 2 µm. (B) Tubule length as a function of vesicle diameter (7.5%, 10%, and 15% DSIDA). (C) Fractional domain surface area, calculated ratio of tubule radius to vesicle radius, and measured ratio of tubule length to vesicle radius. All vesicles exposed to 2 µM his-GFP.
Discussion
We have shown that protein binding to spatially confined regions of a lipid membrane leads to membrane deformation and tubule formation. Further, the diameter and length of lipid tubules is tightly coupled to size and composition of originating vesicles, suggesting that global parameters may play an important role as tubules form. Here we examine a possible physical basis for tubule formation and discuss the implications of confined protein binding and associated coupling between tubule and vesicle dimensions.
Lipid tubule geometry may be controlled by a global tension limit
Previous studies on the formation of lipid tubules in vitro have primarily focused on mechanical pulling of tubules either by direct application of force or the action of motor proteins. 55 In those experiments tubule radius, R T , was found to depend upon the local membrane bending energy, κ, and initial membrane tension, σ, according to the expression, R T = (2κ/σ) 1/2 . 56 In contrast we form tubules by a self-assembly process in which proteins crowd onto lipid domains resulting in bending. Protein binding is restricted to domains of fixed area such that tubule surface area is fixed. We observe that the lengths and diameters of lipid tubules increase proportionally with the vesicle diameter, suggesting that global parameters such as the total volume, area, and membrane tension could govern the tubule geometry. In particular, our observations raise two questions: (i) why is the tubule radius to vesicle radius ratio constant for a given composition and (ii) what limits this ratio?
We propose a simple physical analysis based on the principles that protein binding drives membrane deformation, and membrane deformations must conserve membrane area, domain area, and vesicle volume. Briefly, protein binding deforms lipid vesicles, raising membrane tension. The energy required to raise the tension balances against the energy available from protein binding to the domain, defining a maximum membrane tension ( max ) that depends on fractional domain area (A D ), protein-lipid binding energy ( G  ), and protein binding density
Since these parameters do not vary with vesicle diameter, this analysis proposes that the maximum membrane tension is constant with vesicle diameter. Constant membrane tension implies constant membrane area dilation (A / A V )  across all vesicle diameters, since the area dilation modulus (E) is an intensive property of the membrane. Conserving membrane area and vesicle volume, a constant area dilation requires that the ratio of tubule length and diameter to vesicle diameter be constant for all vesicle diameters. This aspect ratio is limited by the total protein binding energy, a function of fractional domain area, binding constant, and binding density. These predictions are in agreement with our observation of constant tubule aspect ratio and may explain why proteins of smaller molecular weight, which likely increase binding density, form tubules more frequently.
Biophysical implications of steric confinement and global coupling
We have shown that lateral crowding of bound proteins on the surface of a lipid microdomain causes spontaneous bending of the domain into a stable lipid tubule of well-defined length (Fig. 11A) . We first showed that lipid tubules were not observed when protein binding lipids were evenly distributed over GUV surfaces indicating that concentration of protein binding sites, achieved by domain formation, is required for membrane bending. Interestingly, lipid tubule formation from domains was aided by the presence of negative spontaneous curvature lipids, which may partially destabilize the domains, potentially lowering their bending energy, and aid in the formation of the tubules by partitioning to the negative curvature regions at the neck and within the tubule.
Several his-tagged proteins were attached to membrane domains in order to form tubules, none of which has been implicated in membrane bending processes in vivo, suggesting that the mechanism by which tubules are formed does not require a specific protein morphology. The lengths of lipid tubules were observed to vary proportionally with the vesicle diameter, which, according to our analysis, suggests that the system is governed by a global tension limit arising from a balance between protein-lipid binding energy and membrane free energy.
In cellular processes, attachment of specific proteins to lipid bilayers is known to participate in curving membranes as a part of endocytic processes. Several proteins associated with endocytosis have been shown to deform small, originally spherical liposomes into tubules in vitro including amphiphysin 62 and epsin, 38 which are required for clathrin-mediated endocytosis, and Sar1p, 64 which participates in COPII transport vesicle formation. Several specific mechanisms by which protein attachment bends membranes have been described 33, 65 including attachment and pushing of the cytoskeleton; insertion of conically-shaped transmembrane proteins; amphipathic helix insertion (Fig. 11B) ; and assembly of curved protein scaffolds.
Our results demonstrate a universal mechanism by which confining structures such as lipid domains, scaffolds, and protein lattices could collaborate with membrane binding proteins to induce membrane curvature. Whenever proteins bind with high affinity to a small region of the membrane that is defined by a sufficiently rigid barrier, lateral protein crowding could cause deformation. As we have demonstrated, this mechanism is sufficient to cause membrane curvature on its own (Fig. 11C) without the requirement to specifically disrupt and deform the membranes via processes, such as amphipathic helix insertion. However, our proposed mechanism could also collaborate with such mechanisms by concentrating their membrane bending effects in a small region (Fig. 11B) or amplifying bending as the density of protein on the surface becomes sufficiently high (Fig. 11C) . The prevalence of confining structures in membrane bending events suggests that this mechanism, protein coat buckling, may play an important role in vivo. 
CONCLUSIONS
This report covers only a portion of our work on the project as a number of other important results are currently being put into manuscript form for publication in peer reviewed journals. Of the other results not reported here we have (1) demonstrated the use of motor proteins (kinesin) and cytoskeletal filaments (microtubules) to create lipid nanotubes from giant vesicles that expanded the range of membranes that allowed tubulation to bending rigidities of up to 24 x 10 -20 J (DMPC), (2) shown that we can orient domains and lipid tubules on giant vesicles using electric fields, (3) begun to build systems that capture and probe giant vesicles in a fluidic channel, (4) established cell culture platforms for imaging of cells growing in culture to examine cellular nanotube formation, and (5) designed and synthesized novel lipids and membrane compositions to yield unique membrane structure and properties to tailor domain curvature in giant vesicles. Although we have discovered much about how lipid nanotube formation can be driven by protein affinity and activity we remain curious as to how transport is driven between cells connected by nanotubular networks and how we can exploit those processes to create new nanofluidic systems based on directed assembly. 
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